Interactions between microtubules and fila-
Introduction
Cell division and directed cell motility in animal cells are the outcome of complex and dynamic interactions between the microtubule and actomyosin cytoskeletons. The relative roles of these two systems in cell division were apparent even before microtubules and actomyosin were recognized as ubiquitous components of eukaryotic cells, when Hiramoto showed that the mitotic spindle was necessary for establishment of the apparatus that drives cytokinesis, but was subsequently dispensable for cytokinesis itself (Hiramoto, 1956) . Since that time, a wealth of studies based on micromanipulation, pharmacological perturbations, microscopy, and molecular genetics have established that a cortical contractile apparatus of filamentous actin (F-actin) and myosin-II powers animal cell fission, while microtubules are required for the proper assembly and positioning of that contractile apparatus (reviewed in Rappaport, 1996; Field et al., 1999) .
Similar observations for cell locomotion date to the early 1970s. Cell locomotion involves the directed protrusion and subsequent adhesion of lamellipodia along the leading cell edge, and the concomitant retraction of the trailing cell edge. It is well established that disruption of the actin cytoskeleton prevents the protrusion of lamellipodia (e.g., Gail and Boone, 1971) . However, microtubule poisons also decrease lamellipodial protrusion (Bershadsky et al., 1991; Waterman-Storer et al., 1999a) , and result in loss of polarization such that protrusion occurs at random sites around the cell margin, halting cell locomotion (Vasiliev et al., 1970; Goldman, 1971) . Thus, microtubules both promote actin-based lamellipodial protrusion and provide the vector for its placement (reviewed in Waterman-Storer and Salmon, 1999) .
As yet, however, the interrelationships between microtubules and actomyosin are poorly understood. Several reports have described proteins that bind to both microtubules and F-actin (e.g., Griffith and Pollard, 1978; Goode et al., 1999; reviewed in Goode et al., 2000) . Additionally, a number of pharmacological studies have documented that microtubules somehow regulate actomyosin-based contractility (Danowski, 1989; Kolodney and Elson, 1995; Enomoto, 1996) , actomyosin-dependent cortical flow (Edds, 1993; Canman and Bement, 1997) , actomyosin purse string assembly and closure , and actinbased lamellipodial activity (Bershadsky et al., 1991; Waterman-Storer et al., 1999a) . Nevertheless, the basic principles of microtubule-actomyosin interactions have remained elusive. The technological difficulties inherent in understanding such interactions are formidable, in that both microtubules and F-actin are abundant and highly dynamic, and the processes of cell division and lamellipodial protrusion occur rapidly, and within narrow windows of space and time. Further, microtubule and F-actin-based motility can result from both changes in polymer dynamics as well as motor protein-dependent translocation (reviewed in Inoue and Salmon, 1995) .
Thus, many critical questions posed about the nature of microtubule-actomyosin interactions have gone unanswered. For example, it is unknown whether microtubules modulate the actomyosin cytoskeleton directly (i.e., by physical association with, and exertion of force upon actomyosin) or indirectly (i.e., by interaction with and transport of signaling molecules or organelles that themselves control actomyosin). It is also unknown how different spatial arrays of microtubules differentially affect the actomyosin cytoskeleton. The latter question is especially important with respect to complex processes such as cytokinesis and cell locomotion. Cytokinetic furrow establishment in both echinoderm embryos (Rappaport, 1996) and cultured cells (e.g., Rieder et al., 1997; Savoian et al., 1999) is signaled by paired, astral arrays of microtubules, while directed cell locomotion is generally associated with a forward-facing microtubule organizing center and microtubule plus ends facing the direction of migration (Gotlieb et al., 1981) .
We recently developed Xenopus egg extracts as a model system for studying microtubule and F-actin interactions (Sider et al., 1999) . In that study, we found evidence that F-actin associates with microtubules in unfixed, static specimens. Here, we have exploited the extract system to analyze the dynamics of microtubule-F-actin interactions using time-lapse dual-wavelength digital fluorescence microscopy (Waterman-Storer and and fluorescent speckle microscopy (FSM 1 ; , 1999b . Using these methods, we can examine the relationship of cytoskeletal filaments labeled with distinct fluorescent probes and distinguish motility events driven by cytoskeletal polymerization from those driven by motor-based movement. The results show that microtubules form physical contacts with and exert force on F-actin bundles to remodel F-actin networks in specific, predictable ways. Further, we find two distinct types of microtubule-dependent F-actin motion, one in which F-actin rides as a passenger on motile microtubules, and one in which F-actin moves along the lattice of microtubules. We also show that these microtubule/F-actin interactions require cytosolic factors and have a profound influence on the spatial disposition of F-actin. Finally, we demonstrate that this influence is dependent on the organization of microtubules and upon the activity of the microtubule motor, cytoplasmic dynein.
Materials and Methods

Materials
Porcine brain tubulin was purified by rounds of polymerization and depolymerization and labeled with succinimidyl ester of X-rhodamine (Molecular Probes) and stored at ‫ف‬ 35 mg/ml at -80 Њ C in injection buffer (50 mM K-glutamate, 0.5 mM KCl, pH 7.0; see Waterman-Storer and . Chicken breast muscle actin was purified from acetone powder and labeled with succinimidyl ester of Oregon green (Molecular Probes) as described in Waterman-Storer et al. (2000) and stored at ‫ف‬ 4 mg/ml in G-Buffer (2 mM Tris, 0.2 mM CaCl 2 , 0.2 mM ATP, 0.5 mM ␤ -mercaptoethanol [BME]) at -80 Њ C. Alexa 488-conjugated phalloidin was purchased from Molecular Probes. S. purpuratus axoneme fragments were prepared as in Bell et al. (1982) and stored at a protein concentration of ‫ف‬ 100 mg/ml at -80 Њ C until use. CHO cell centrosomes, purified as described (Mitchison and Kirschner, 1986) , were the kind gift of Drs. Tom Keating and Gary Borisy (University of Wisconsin, Madison). Rat brain kinesin, the kind gift of Dr. Sher Karki (University of Pennsylvania, Philadelphia) was isolated as the 9 s fraction from sucrose gradients of the ATPeluate of brain microtubules. Purified rabbit skeletal muscle G-actin was the kind gift of Dr. Velia Fowler (The Scripps Research Institute). Rabbit skeletal muscle ␣ -actinin was purchased from Cytoskeleton, Inc. Mouse anti-cytoplasmic dynein intermediate chain mouse monoclonal antibody 70.1 (Steuer et al., 1990 ; Sigma-Aldrich) was concentrated into PBS and used at 2 mg/ml in the extract.
Preparation of Interphase Xenopus Egg Extracts
Interphase Xenopus egg extracts were prepared as described in Sider et al. (1999) . In brief, eggs were collected from adult Xenopus females, washed four to six times in 1 ϫ MMR (10 mM NaCl, 0.2 mM KCl, 0.1 mM MgCl 2 , 0.2 mM CaCl 2 , 0.01 mM EDTA, and 0.5 mM Hepes, pH 7.8) and stored at 16 Њ C for 1-3 h. Eggs were dejellied in 1 ϫ MMR containing 2% cysteine (pH 7.8), and then rinsed four times in 0.25 ϫ MMR. Eggs were then rinsed two times in ice-cold ELB buffer and two times in ice-cold ELB containing 10 g/ml pepstatin, leupeptin, chymostatin, aprotinin, and 1 mM Pefabloc (Boehringer). After transfer to clear ultracentrifuge tubes, eggs were packed by centrifugation for 1 min in a clinical centrifuge, excess buffer was removed, and the protease inhibitors and cycloheximide were added to final concentrations of 10 and 100 g/ml, respectively. Eggs were crushed by centrifugation for 20 min at 20,000 g in an SW41 rotor at 4 Њ C. The yellow cytoplasmic layer was removed with a syringe bearing a 19-gauge needle, aliquoted into 50-l aliquots, and frozen in liquid N 2 . Aliquots were stored at -80 Њ C until use.
Preparation of Demembranated Sperm
Male Xenopus were anesthetized in MS222 (Sigma), and their testes were removed. Testes were rinsed three times in ice-cold MBSH (110 mM NaCl, 2 mM KCl, 1 mM MgSO 4 , 0.5 mM NaPO 4 , 2 mM NaHCO 3 , and 15 mM Tris-base, pH 7.6) and then macerated in 4 ml of ice-cold HSPPP (250 mM sucrose, 1 mM EDTA, 0.5 mM spermidine, 0.2 mM spermine, 15 mM Hepes pH 7.4, 10 g/ml pepstatin, leupeptin, chymostatin, aprotinin, and 1 mM Pefabloc). After filtering through cheesecloth, samples were pelleted in a clinical centrifuge at 4 Њ C, resuspended in 1 ml HSPPP containing 500 g/ml lysophosphatidylcholine (Boehringer) and incu-bated 5 min at room temperature. Samples were then diluted in 10 ml HSPPP containing 0.3% BSA, pelleted, resuspended in HSPPP-BSA, repelleted, resuspended in HSPPP containing BSA and 30% glycerol, frozen in liquid N 2 , and stored at -80 Њ C.
Specimen Preparation for Dynamic Imaging
To image microtubule and F-actin dynamics in Xenopus egg extracts, a 50-l aliquot of extract was thawed, experimental components were added, and the sample was stored on ice for up to 2 h until imaging. X-rhodamine tubulin was added to the extract at 0.1 mg/ml and Oregon green actin or Alexa 488 (AX-488) phalloidin (Molecular Probes) was added at 0.1 mg/ml or 0.148 M, respectively. We noted no major differences in F-actin behavior regardless of whether AX-phalloidin or OG-actin was used as a probe. For fluorescent speckle imaging of microtubules, X-rhodaminelabeled tubulin was added at 10-50 g/ml to the extract. To reduce fluorescent photobleaching and photodamage, Oxyrase (Oxyrase Inc.) was added to the extracts to a concentration of 0.3-0.6 U/ml (WatermanStorer and .
Xenopus egg extracts containing experimental components were imaged in sealed slide/coverslip chambers. Coverslips were coated with casein to reduce the nonspecific binding of labeled proteins to the coverslip surface. This was done by placing 5 l of 10% casein in water in the center of the coverslip and spinning it dry on a modification of the device described in Inoue (1986) . To form the imaging chamber, 1-1.5 l of icecold extract were put on a precleaned slide (Clay-Adams) and a caseincoated coverslip was placed on the drop, the extract was allowed to spread, and was sealed on all sides with valap (1:1:1 mixture of vaseline/ lanolin/paraffin). This resulted in a layer of extract that was 3-7 m thick and which was rapidly warmed to room temperature via its contact with the glass.
To image the interactions between purified motile microtubules and F-actin bundles, perfusion chambers were assembled with a coverslip placed on two strips of double-stick tape spaced ‫ف‬ 2-4 mm apart on a slide. The chamber was coated with rat brain kinesin for 10 min, washed three times with PEMTA (100 mM Pipes, 1 mM EGTA, 2 mM MgSO 4 , 10 M taxol, and 1 mM ATP), one time with PEMTA containing 10% casein, and a final time with PEMTA. Then, a mixture of 22 M rabbit skeletal muscle G-actin, 0.4 M AX-488 phalloidin, 4.1 M rabbit skeletal muscle ␣ -actinin, 0.3 M X-rhodamine speckled, taxol stabilized microtubules (assembled from 99.5% unlabeled tubulin, 0.5% labeled tubulin as described in Waterman-Storer and Salmon, 1998) in 7.2 mM Pipes, 4.6 mM Tris, 3.3 mM NaCl, 0.3 mM MgSO 4 , 0.07 mM CaCl 2 , 0.14 mM EGTA, 0.8% sucrose, 0.16% dextran, 1.4 M taxol, 0.16 mM ␤ -mercaptoethanol, 0.7 mM dithiothreitol, 0.2 mM ATP, pH ‫ف‬ 7 were added to the chamber, which was sealed with VALAP and transferred immediately to the microscope stage for imaging.
Digital Fluorescence Imaging and FSM
Time-lapse digital images of Oregon green-labeled actin or Alexa 488 phalloidin and/or X-rhodamine-labeled tubulin in extracts were acquired using the multimode digital imaging system described in Salmon et al. (1998) with excitation filters for X-rhodamine (570 nm) and Alexa 488 or Oregon green (490 nm). Shutter and filterwheel timing and position were controlled by MetaMorph software (Universal Imaging Corp.). For dualwavelength time-lapse imaging, pairs of images of F-actin and microtubules were collected at 8-15-s intervals with a lag of ‫ف‬ 1 s between images within a pair.
The interactions of pure motile microtubules with pure F-actin bundles were imaged using a Nikon TE-300 Quantum microscope equipped with an Ultraview (Perkin Elmer) dual spinning disk real-time confocal scanner. This allowed for clear imaging of fluorescent microtubules and F-actin at the coverslip surface in the 70-m-thick perfusion chambers. Illumination was provided by a 50 mW Kr/Ar laser (Melles Griot) coupled to the confocal head by a optical fiber (Point Source), passed through an electronic filterwheel (Sutter Instruments) with excitation filters for Oregon green (488 nm) and X-rhodamine (568) and through a polychromatic mirror and focused onto the specimen with a 100 ϫ 1.4 NA Plan Apo DIC objective. Emission from the specimen collected by the objective was reflected off the polychromatic mirror through a polychromatic emission filter and confocal images were collected with a Hamamatsu Orca II cooled CCD camera using the 14-bit slow scan mode. Shutter and filterwheel timing and position were controlled by MetaMorph software (Universal Imaging Corp.).
Images of fluorescent sperm asters in fixed extracts were also collected on the TE-300 Quantum using the Orca II camera, but the confocal scanner was removed. Widefield epi-illumination was provided by a HBO-100W mercury arc lamp and excitation wavelength was selected with an electronic filterwheel (Ludl Biopoint) containing filters for Oregon green (490 nm) and X-rhodamine (570 nm), and a triple bandpass dichromatic mirror and emission filter for DAPI/FITC/X-rhodamine (Chroma). Shutter and filterwheel timing and position were controlled by a Ludl controller and MetaMorph software (Universal Imaging Corp.).
Image Processing and Data Analysis
All position, length, and intensity measurements on digital images were made using the analysis functions of the MetaMorph software. Distances in images were calibrated from images of a 10-m stage micrometer. For velocity measurements, the positions of fiduciary marks in polymers were tracked in successive frames of time-lapse series using the track points function in Metamorph. This function calculates instantaneous velocities for the distance moved during the interval between successive frames and exports the values into Microsoft Excel 97 for analysis. To determine the average number of microtubules emanating from the centrosome, microtubules were counted at 2-min intervals for the first 4 min of the imaging period and averaged. For the quantification of F-actin bundle network alignment, a total of seven experiments (four control and three nocodazole) were selected based on similarity in length (minimum of 10 min) and time-lapse interval (15 s). Hard copies were made of every 10th frame, and the number of intersections of three or more actin bundles was counted. Because the number of intersections varied among the different time-lapse series, numbers were expressed as percents of starting intersection number.
To determine the dynamic relation between F-actin and microtubules, RGB color overlays of time-lapse series of F-actin and speckled microtubules were made and viewed as movie series. To make color overlays, the average intensity of all images in each time-lapse series was equalized by multiplication by a constant (using the equalize light function in Metamorph). The F-actin series was then color-coded green and the microtubule series was color-coded red (using the color encode function in Metamorph) and they were combined into a single RGB series. In some cases, the images were processed as described in Waterman-Storer and . Quicktime movies of time-lapse series of images were assembled using Adobe Premier as described in .
Fixation of Extracts and Immunofluorescence Analysis of Extracts
To examine sperm aster formation in solution, 3 l of extract containing 0.4 M X-rhodamine tubulin and demembranated sperm was incubated at room temperature in a microcentrifuge tube. Extracts were then fixed by addition of an equal volume of 40 mM Pipes, 0.5 mM MgCl 2 , 0.5 mM EGTA, 20 M taxol, 50% glycerol, and 1.85% formaldehyde, pH 6.9. To test the involvement of cytoplasmic dynein in sperm aster expansion, anticytoplasmic dynein intermediate chain antibody 70.1 was added to the extract at 0.7 mg/ml. 1.25 l of fixed extract was pressed between a slide and coverslip, the preparation was sealed with VALAP and was imaged. For immunofluorescent localization of myosins, extracts were processed as described previously . In brief, 1.5 l extract was flattened between two coverslips, incubated 15 min at room temperature and then plunged into liquid nitrogen. The coverslips were pried apart, placed in room temperature fixative (1 mM MgCl 2 , 5 mM EGTA, 80 mM K-Pipes, pH 6.8, 0.2% Triton X-100, 3.7% paraformaldehyde, 0.25% glutaraldehyde, and 0.5 mM taxol) for 5 min. Samples were quenched for 10 min in PBS containing 100 mM NaBH 4 , blocked two times for 5 min in 1 ϫ TBS ϩ 0.1% NP-40 ϩ 5 mg/ml BSA (TBSN-BSA), and incubated for 15 min at 37 Њ C in a moist chamber in TBSN-BSA containing DM1A mouse anti-tubulin (1:250; ICN Biomedicals), affinity-purified rabbit anti-Xenopus myosin-IIA or -IIB (10 g/ml; Kelley et al., 1996) and Alexa 488 phalloidin (1 U/ml) or rabbit anti-chick brain myosin-5 (10 g/ml) and Alexa 488 phalloidin. Samples were washed four times for 5 min in TBSN-BSA with gentle agitation and then incubated for 15 min at 37 Њ C in rhodamine anti-mouse (1:100; Organon Teknika-Cappel) and Cy5-anti-Rabbit (1:100; Molecular Probes). Samples were washed four times for 5 min in TBSN-BSA with gentle agitation, mounted in 80% glycerol containing 20 mM N -propylgallate. Images were collected on a Biorad 1024 laser scanning confocal on a Zeiss Axiovert microscope equipped with a 63 ϫ 1.4 NA Plan Apo objective lens in the Department of Zoology (University Wisconsin). Illumination was provided by a 50 mW Kr/Ar laser and fluorescence was detected with three photomultiplier tubes. 
Supplemental Materials
Quicktime videos to accompany many of the figures are available at http: //www.jcb.org/cgi/content/full/150/2/361/DC1.
Results
To define the basic principles governing microtubule/F-actin interactions in cytoplasm, either Alexa 488-labeled phalloidin (Alexa 488 phalloidin) or Oregon green-labeled actin (Oregon green actin) was added to interphase-arrested, crude Xenopus egg extracts for visualizing F-actin, along with X-rhodamine tubulin for visualizing microtubules.
Thin ( ‫ف‬ 3-7 m) preparations of extracts were then analyzed in sealed slide/coverslip chambers at room temperature by dual-wavelength time-lapse digital fluorescence microscopy and FSM. We first characterized the behavior of each cytoskeletal polymer independent of the other one, and then analyzed the dynamic interactions between microtubules and F-actin.
F-Actin Exhibits Zippering Alignment and Serpentine Gliding in the Absence of Microtubules
The dynamic behavior of F-actin was analyzed in the absence of microtubules by performing time-lapse imaging Depletion of ATP by apyrase treatment (10 g/ml) of extracts blocks F-actin zippering. The number of intersections between adjacent F-actin bundles was quantified in extracts at various times after the initiation of imaging in the absence (control) and presence (apyrase) of apyrase. In the absence of apyrase, the number of intersections decreases over time; in the presence of apyrase the number of intersections fails to decrease and the networks did not change over time. Data shown are mean Ϯ SEM; n ϭ 2. (E) High magnification, time-lapse view of F-actin bundle serpentine gliding. The F-actin bundle moves sinuously across the substrate. Images in successive panels were acquired at 15-s intervals. (F) Plot of the X-Y coordinates of the point of peak fluorescence intensity of the F-actin bundle shown in E. This demonstrates the serpentine path followed by the F-actin bundle. (G) Serpentine gliding is prevented by depletion of ATP with apyrase and is stimulated by BDM. The number of gliding events per field of view in samples subjected to the indicated treatment was compared with the number of events in control samples from the same experiment. Apyrase almost completely eliminated serpentine gliding. BDM at 20 mM had a slight stimulatory effect, while BDM at 50 mM more than tripled the number of bundles moving by serpentine gliding. Data shown are mean Ϯ SEM; n ϭ 2. Time is in min/s. Also see supplemental videos 1-3 at http://www.jcb.org/cgi/content/full/150/2/361/DC1. of labeled F-actin in extracts containing 10 M nocodazole to prevent tubulin polymerization. Similar results were achieved in the absence of nocodazole, but in areas of the sample chamber that lacked microtubules. In both cases, the absence of microtubules in the field of view was confirmed by imaging in the X-rhodamine channel. Under these conditions, F-actin assembled into an interconnected network of bundles ( Fig. 1 A and video 1), and exhibited two kinetically and morphologically distinct types of motility that we term zippering and serpentine gliding.
Zippering resulted from slow (0.044 Ϯ 0.010 m/s; Table  I ) coalescence and bundling together of two or more adjacent F-actin bundles within the network (Fig. 1 , A-C, video 2), such that over 10-15 min, the number of intersections between network bundles and the total number of network bundles decreased (Fig. 1 D) , while the size of bundles and the area of the spaces between adjacent bundles in the network increased. The motion of F-actin bundles during zippering generally occurred perpendicular to the axis of the bundle, but was randomly directed relative to other bundles within network, as indicated by maps of the trajectories of F-actin bundles over time (Fig. 1 B) . The decrease in the number of intersections between bundles resulting from zippering was prevented by ATPdepletion via apyrase treatment (Fig. 1 D) implying the involvement molecular motor proteins. We tested the sensitivity of zippering to the myosin ATPase inhibitor, butane 2,3 monoxime (BDM; Cramer and Mitchison, 1995) . However, BDM promoted conversion of networks into isolated bundles that subsequently underwent serpentine gliding (see below), making it impossible to determine if BDM inhibited zippering.
Serpentine gliding was specific to areas of the preparation where network formation was incomplete and F-actin was present as relatively thin, isolated bundles. In these areas, portions of the bundles occasionally broke away and glided unidirectionally across the coverslip surface in a curvilinear, serpentine fashion at 0.111 Ϯ 0.012 m/s (Fig.  1 , E and F, video 3; Table I ). Like zippering, serpentine gliding was prevented by apyrase treatment (Fig. 1 G) . Serpentine gliding was not inhibited by BDM but in fact was stimulated by it, particularly at higher BDM concentrations (Fig. 1 G) . Because most of the gliding F-actin was wider than the limit of resolution of the light microscope (240 nm for green fluorescence), at least some of the serpentine gliding represented movement of bundles of F-actin rather than individual F-actin filaments.
In addition to zippering and serpentine gliding, F-actin was also occasionally observed to form comet-like structures (see Online Supplemental Material and Table I ). These comets were most frequently observed near microtubule-organizing centers (MTOCs) and likely formed as a result of actin nucleation off of membrane vesicles (Ma et al., 1998; Moreau and Way, 1998) .
Microtubules Exhibit Gliding and Astral Expansion on Coverslips and in Solution
We next characterized the behavior of microtubules in extracts containing either 10 M cytochalasin D or 5 M latrunculin A to inhibit actin filament formation. Previous work has documented basic features of microtubule polymerization dynamics and microtubule-based motility in Xenopus extracts (Belmont et al., 1990; Allan and Vale, 1991; Waterman-Storer et al., 1995) , so only those aspects of microtubule motility relevant to this study will be described. When microtubules were either polymerized from MTOCs provided by demembranated Xenopus sperm (Fig. 2, A and B) or spontaneously polymerized in the extract (not shown), they underwent directed movement along the coverslip surface at 0.306 Ϯ 0.061 m/s (Fig. 2 A, video 4; Table I ). These rates are similar to known rates of microtubule translocation in both Xenopus extracts (Belmont et al., 1990 ) and intact cells (Keating et al., 1997) . Extract microtubules also displayed dynamic instability polymerization/depolymerization dynamics (not shown, Belmont et al., 1990; Waterman-Storer et al., 1995) , and such microtubules can appear to translocate via treadmilling . However, time-lapse FSM (WatermanStorer et al., 1998 (WatermanStorer et al., , 1999b revealed that fiduciary marks on microtubules moved relative to the substrate (Fig. 2 A, video 4), demonstrating that microtubules were translocating rather than treadmilling. Microtubules moved with their plus ends leading, as judged by following microtubules released from demembranated sperm MTOCs (Fig.  2 A) or nucleated from sea urchin axoneme fragments (not shown; Paschal and Vallee, 1987) .
The polymerization of microtubules followed by their release from sperm MTOCs resulted in centrifugal expansion of microtubule asters (Fig. 2 B, video 5 ). During expansion, individual microtubules, as well as radially organized groups of 5-10 microtubules, were released and translocated away from the aster center (Fig. 2 B) . This re- sulted in the disassembly of the asters over 10-20 min. This astral expansion also occurred on the same time course for microtubule asters formed in solutions of extracts that were fixed at various times after the addition of demembranated sperm and examined later in slide/coverslip (Fig.  2 C) . This indicates that aster expansion was not merely an artifact of the close apposition of microtubule asters to a microtubule motor-coated coverslip, but that coverslips act as surrogate sites for motor attachment that are normally provided by membranous organelles, microtubules, or other structures that are present in extracts in solution.
Microtubules Remodel F-Actin Networks
We next analyzed the effect of microtubules on the behavior and organization of F-actin in extracts. To achieve this, F-actin dynamics were first analyzed by time-lapse fluorescence microscopy in areas of the preparation that exhibited randomly arrayed microtubules. In the presence of microtubules, F-actin bundles still formed networks and exhibited zippering alignment. However, superimposed on the zippering was a new motility unlike any observed in the absence of microtubules. Specifically, F-actin displayed a morphologically and kinetically distinct jerking making up one branch of the network undergoes directed movement (0:00-00:30) and collides with an adjacent bundle (at 00:30) forming a V-shaped junction between the bundles. The junction then undergoes a change in trajectory (time 00:45) and rapidly moves in unison with a neighboring bundle (arrow; 02:15-03:15). The movement brings the moving bundles into collisions with other bundles. (F) Microtubules accelerate the bundling of F-actin networks. The number of intersections between F-actin bundles within a network was quantified at various time after the initiation of imaging in four control experiments in the presence of microtubules (with MTs) and three experiments using extract containing 10 M nocodazole (without MTs). The presence of microtubules accelerates the rate of bundling relative to the rate of bundling in their absence, as judged by the more rapid decrease in the number of intersections. To control for variation in the number of starting intersections, results are expressed as the % of the starting number of intersections. Results shown are mean Ϯ SEM. Time is in min/s. Also see supplemental videos 6-8 at http://www.jcb.org/cgi/content/full/150/2/361/DC1. motion (Fig. 3) . The jerking motility of F-actin bundles was characterized by rapid, often discontinuous movements (Fig. 3, A, B, and E, videos 6 and 8) . Quantification of the movements revealed that in the presence of microtubules, jerking F-actin occurred at 0.289 Ϯ 0.030 m/s (Table I) . This was ‫5.7ف‬ and ‫3ف‬ times faster than rates for either F-actin zippering motion or serpentine gliding motility seen in the absence of microtubules, respectively (Table I). The jerking motility grossly disrupted F-actin networks (Fig. 3 A) , as F-actin bundles were pushed and pulled into V shapes and then pushed and pulled into each other (Fig. 3 E) . Upon collision, F-actin bundles coalesced into larger bundles, thus increasing the rate at which the F-actin bundles in the networks zippered together and aligned (Fig. 3 F) .
Demembranated sperm were then added to the extract and actin behavior was examined in relation to an astral microtubule array. In this case, distortion of the F-actin network and rapid jerking movements of the F-actin bundles were again observed, but they occurred in a distinct pattern. Specifically, F-actin moved in a jerking motion centrifugally from the sperm aster center outward, resulting in a rapid clearing of F-actin from the area immediately surrounding the aster (Fig. 3, C and D, video 7) . The speed of F-actin jerking movement was 0.258 Ϯ 0.024 m/s, similar to that seen in samples containing randomly oriented microtubules (Table I) . However, in contrast to F-actin observed in the presence of randomly arrayed microtubules, wherein F-actin accumulated in disordered bundles (Fig. 3 A) , the clearing of F-actin from around sperm asters resulted in the accumulation of bundles oriented circumferentially around the periphery of the aster (Fig. 3 C) .
F-Actin Jerking Is Caused by Cytoplasmic Dynein-dependent Microtubule Movement Pushing and Pulling on F-Actin Bundles
The observed F-actin jerking motility was similar in velocity to microtubule gliding, strongly suggesting that microtubules and F-actin were physically interacting. To test this notion, dual-wavelength digital fluorescence microscopy was used to determine whether microtubules and F-actin directly associated with one another in the extracts. In samples with randomly arrayed microtubules, this analysis revealed that F-actin bundles often exhibited extensive lengthwise associations with microtubules (Fig. 4, arrowheads) . In some cases, F-actin bundles terminated at a contact along the shaft or at the tip of a microtubule (Fig.  4, arrows) .
We next examined the basis of microtubule-dependent F-actin jerking motility using time-lapse microtubule FSM in conjunction with time-lapse digital fluorescence microscopy of F-actin. Movie series of time-lapse microtubule FSM and F-actin made into RGB overlays revealed that both the spatial pattern and the rate of movement of jerking F-actin bundles mirrored the pattern and rate of the movement of speckles on the lattice of translocating microtubules with which the F-actin was in contact (Fig. 5, A-D,  video 9 ). In addition, pauses in F-actin movement were correlated with pauses in microtubule movement. Similarly, when demembranated sperm were added to the extracts, F-actin moved outward away from microtubule aster centers while remaining bound to translocating microtubules (Fig. 5 E, video 10 ). These results demonstrate that F-actin can bind to and ride as a passenger on motile microtubules.
The finding that microtubules in the extracts moved along the coverslip with plus ends leading suggested that microtubule translocation and F-actin jerking was powered by a minus end-directed motor, such as cytoplasmic dynein (Paschal and Vallee, 1987) . To test this hypothesis, we added 0.25 mM sodium orthovanadate to the extracts, or 2 mg/ml anti-cytoplasmic dynein intermediate chain antibody 70.1 (Steuer et al., 1990 ). These treatments have been shown to inhibit cytoplasmic dynein-mediated organelle motility (Allan and Vale, 1991; Verde et al., 1991) and mitotic spindle pole formation in Xenopus extracts (Walczak et al., 1998) , respectively. Both treatments inhibited microtubule gliding, release, and translocation from sperm asters, as well as sperm aster expansion and fragmentation (Fig. 6, A and B) . However, neither treatment blocked the microtubule nucleating activity of sperm asters. As a result, the sperm asters became huge, with Ͼ150 microtubules per aster (Fig. 6 A, video 11 ; Table II ). Similar results were obtained when cytoplasmic dynein was inhibited during sperm aster formation in solution (Fig. 6 B) , indicating that cytoplasmic dynein acts to move microtu- Figure 4 . F-actin bundles form lengthwise associations with microtubules. Double label images of microtubules obtained from time-lapse movies were digitally processed to remove the background of unpolymerized fluorescent label in the extract, color encoded, and combined into an RGB overlay to reveal the codistribution of the two polymers. Microtubules are randomly arrayed on the coverslip surface. Some F-actin is not associated with microtubules, but a substantial amount is aligned lengthwise along microtubules (arrowheads). Occasionally, ends of F-actin bundles terminate on the side of microtubules (large arrow) and microtubule and F-actin bundles can associate end-to-end (small arrow).
bules while either bound to the coverslip or to other sites in the extract.
Both anti-cytoplasmic dynein antibodies (Fig. 6 , A and D) and orthovanadate (Fig. 6 D) inhibited microtubuledependent F-actin jerking movements and centrifugal clearing of F-actin from around sperm asters, demonstrating that F-actin jerking motility is ultimately powered by cytoplasmic dynein-dependent movement of translocating microtubules. Neither antibody treatment nor vanadate affected either F-actin zippering (Fig. 6 E) or serpentine gliding (not shown). However, vanadate treatment promoted formation of F-actin comets, consistent with previous work (see online supplemental material; see Frischknecht et al., 1999) .
As an alternative approach to confirm the requirement for microtubule release and translocation in F-actin jerking motility and clearing from around MTOCs, centrosomes isolated from CHO cells were added to extracts and F-actin movement around these MTOCs was monitored. In contrast to sperm MTOCs, CHO cell centrosomes rarely release microtubules (Table II) . Accordingly, F-actin exhibited very infrequent jerking motility and was not cleared from around CHO centrosomes (not shown).
F-Actin Straight Gliding Is Due to Movement of F-Actin Bundles along Stationary Microtubules
Careful analysis of dual-wavelength microtubule FSM and F-actin RGB overlays surprisingly revealed a second form of microtubule-dependent, F-actin motility that was much less dominant and less obvious than F-actin jerking. We termed this motility straight gliding, as it was characterized by F-actin moving slowly (0.050 Ϯ 0.021 m/s; Table I ) along a nearly straight or gently arched course (Fig. 7,  video 12 ). F-actin bundles observed to be undergoing straight gliding motility actually moved unidirectionally relative to fluorescent speckles on the lattice of microtubules that remained stationary with respect to the substrate (Fig. 7, video 12 , Table I ). Although the straight gliding and serpentine gliding motilities of F-actin occurred at similar rates, they could easily be visually distinguished by their path of movement, as demonstrated by kinetic analysis of their trajectories (compare Fig. 7 D with Fig. 1 F) , and straight gliding never occurred in the absence of microtubules. However, F-actin straight gliding Figure 6 . Cytoplasmic dynein powers microtubule gliding, aster expansion, and F-actin bundle jerking. (A) Low magnification, time-lapse views of microtubules (left) seeded from a demembranated Xenopus sperm and F-actin (right) in the presence of 2 mg/ml anti-cytoplasmic dynein intermediate chain antibody 70.1. The antibody inhibits the translocation of microtubules away from the MTOC, thus inhibiting aster expansion but does not inhibit microtubule nucleation and growth, thus inducing a striking accumulation of microtubules (left; compare to Fig. 2 B) . The antibody also inhibits F-actin jerking and prevents centrifugal clearing of F-actin from the aster (right). Time is in min/s. (B) Low magnification views showing asters that were fixed at various times after the addition of demembranated sperm to Xenopus extracts in solution in the presence of 2 mg/ml anti-cytoplasmic dynein intermediate chain antibody 70.1. In the presence of the antibody, even at late time points, the aster remains tightly focussed and has many microtubules emanating from it (compare to Fig. 2  C) . (C) Cytoplasmic dynein activity is required for microtubule gliding. Quantification of the rate of microtubule gliding across the substrate was calculated in control extracts (n ϭ 11), extracts containing 2 mg/ml 70.1 (n ϭ 9), and extracts containing 250 M sodium orthovanadate (n ϭ 5). Inhibition of cytoplasmic dynein drastically slowed the rate of microtubule gliding. (D) Cytoplasmic dynein activity is required for F-actin jerking. Quantification of the rate of F-actin jerking was determined from the same experiments used for C. Inhibition of cytoplasmic dynein with 70.1 antibodies or orthovanadate completely eliminated F-actin jerking. (E) Cytoplasmic dynein is not required for F-actin zippering. Quantification of the rate of F-actin zippering was determined from the same experiments used for C. Cytoplasmic dynein inhibition with 70.1 antibodies or orthovanadate does not affect F-actin zippering. Also see supplemental video 11 at http://www.jcb.org/cgi/ content/full/150/2/361/DC1.
along microtubules was difficult to unambiguously identify unless the microtubules were stationary, a situation that was quite infrequent. Thus, we could not determine the directionality of F-actin movement along microtubules emanating from sperm asters, presumably due to the high rate of microtubule release and translocation and the rapidity of F-actin clearing from the region surrounding the aster. Efforts to immobilize microtubules by coating coverslips with tubulin antibodies or motor-inactive kinesins were frustrated by the tendency of such manipulations to cause the formation of extensive microtubule bundles, while efforts to test the effects of BDM on this motility were frustrated by the tendency of BDM to cause microtubule disassembly in extracts. Nevertheless, these results demonstrate that F-actin bundles can use the microtubule lattice as a substrate for motility.
Microtubule-dependent F-Actin Motility Is Specific and Requires Cytosolic Proteins
It could be argued that the observed translocation of F-actin bundles by moving microtubules results from nonspecific interactions between the two polymer systems. To test this possibility directly, we labeled purified rabbit skeletal muscle F-actin with Alexa 488 phalloidin and crosslinked it into bundles by adding purified rabbit skeletal muscle ␣-actinin at an ‫1:5ف‬ molar ratio. To this we added taxol-stabilized, fluorescent speckled microtubules assembled from purified porcine brain tubulin (99.5%) and X-rhodamine-labeled tubulin (0.5%) in a buffer containing ATP. This mixture was then added to a slide/coverslip chamber that was previously coated with rat brain kinesin to power the motility of the taxol stabilized microtubules along the coverslip. Under these conditions, F-actin formed bundles of similar thickness as those spontaneously formed in the extracts, but did not exhibit zippering, serpentine gliding or comet formation. In addition, microtubules exhibited gliding along the coverslip surface at 0.69 Ϯ 0.086 m/s (4 experiments, 277 measurements on 23 microtubules), as expected for brain kinesin (Vale et al., 1985) . In spite of the motility of microtubules, the F-actin bundles did not undergo jerking or straight gliding motility (Fig. 8) . Further, time-lapse dual-wavelength confocal analysis revealed that motile microtubules would often contact multiple F-actin bundles without causing any perturbation of the position of the bundles (Fig. 8 and video  13 ). These results demonstrate that the interaction between motile microtubules and F-actin bundles is specific and dependent on Xenopus cytosolic factors.
Myosin-V Localizes along Extract Microtubules
To probe the mediator of the interactions between microtubules and F-actin, two approaches were taken. First, we assessed the potential role of membranous organelles as linkers between microtubules and F-actin using multimode fluorescence and digitally enhanced differential interference contrast (DE-DIC) microscopy (Allan and Vale, 1991; Waterman-Storer et al., 1995; Salmon et al., 1998) . However, no evidence was found for DIC-refractile membranous organelles linking the F-actin bundles to microtubules (not shown). In separate experiments nonionic detergents were added to extracts to further test the role of membranes in mediating microtubule F-actin interactions, however, this prevented microtubule polymerization, presumably due to release of calcium from membrane-bound compartments.
We then used immunofluorescence of fixed extracts to assess the role of candidate myosin motors in the interaction between microtubules and F-actin. Rapidly frozen extract samples were analyzed for the distribution of myosin-IIA, which in interphase culture cells localizes to microtubules when F-actin is depolymerized, and during mitosis localizes to spindle microtubules (Kelley et al., 1996) . Triple-label analysis demonstrated that myosin-IIA was predominantly associated with F-actin bundles (Fig. 9 A) as was myosin-IIB (not shown). We then used a simlar approach to analyze the localization of myosin-V, an actinbased motor that has been shown to associate with microtubules and mitotic spindles in vivo (Espreafico et al., 1998; Wu et al., 1998) . In striking contrast to myosin IIA, myosin-V was distributed in punctae that aligned extensively along microtubules as well as sometimes on the coverslip surface (Fig. 9 B) .
Discussion
In this study, we have systematically analyzed microtubule and F-actin motility in cell-free lysates of Xenopus eggs. We first established the dynamic properties of these systems in isolation of one another, and then characterized for the first time the direct dynamic interactions between the two systems to define the basic modes for microtubule/ F-actin interactions in cytoplasm. Our results define two distinct types of motile microtubule/F-actin interactions: one in which F-actin rides as a passenger on cytoplasmic dynein-powered motile microtubules, and a second, less dominant form in which F-actin moves along the microtubule lattice. These interactions are specific, and require Xenopus cytosolic factors. We show that as a result of these interactions, microtubules remodel F-actin networks. Below, we discuss the novel cytoskeletal motilities described in this study, their possible molecular mechanisms, and how the basic modes of interaction between microtubules and F-actin may have implications for the mechanisms of cytokinesis and cell motility. 
Microtubule-dependent F-Actin Motilities
Two distinct forms of microtubule-dependent F-actin motility were observed in Xenopus extracts: F-actin jerking and F-actin straight gliding. Simultaneous analysis of F-actin and fiduciary-marked microtubules by FSM showed that the rapid jerking movement of F-actin paralleled the movement of an associated microtubule, indicating that F-actin was bound to a translocating microtubule. F-actin jerking was cytoplasmic dynein dependent. In this case, the role of cytoplasmic dynein in translocating F-actin is likely to be indirect: F-actin is statically cross-linked and riding as a passive passenger on cytoplasmic dynein-driven motile microtubules. However, our results do not rule out the possibility that cytoplasmic dynein or its interacting partner, dynactin, may also cross-link F-actin to microtubules. The dynactin complex binds to cytoplasmic dynein, microtubules, and the actin-binding protein, spectrin, and contains both the actin-related protein Arp-1 (centractin) as well as conventional actin (reviewed in Karki and Holzbaur, 1999) . This provides a multitude of scenarios for linking actin to microtubules. However, in our studies it was difficult to tell if cytoplasmic dynein antibodies inhibited the binding of F-actin to microtubules, because we could not differentiate whether F-actin bundles were actively bound or passively intersecting with microtubules unless the microtubules were moving and distorting the F-actin network.
In addition to cytoplasmic dynein, recent studies have uncovered several nonneuronal candidates for static MT/ actin cross-linking proteins (reviewed in Goode et al., 2000) . These include MIP-90, a HeLa cell MT-associated protein (MAP) that localizes to actin structures and binds actin in vitro (Gonzalez et al., 1998) , a yeast homologue of the actin-binding protein, coronin, that contains a MTbinding domain (Goode et al., 1999) , calponin, an actin-, tropomyosin-, and calmodulin-binding protein in smooth muscle that binds tubulin in vitro (Fujii et al., 1997) , or one of the plakins, some of which have been found to bind both microtubules and F-actin (Karakesisoglou et al., 2000) . MTs and F-actin could also be indirectly coupled via the protein, plectin, which can link both actin and MTs to intermediate filaments (Svitkina et al., 1996) .
We have also observed the gliding of F-actin bundles along stationary microtubules. However, observation of this type of motility was rare. This motility could only be unambiguously demonstrated when both F-actin and microtubules were sparse, microtubules were stationary and optimally speckled, and F-actin bundles were relatively small, thin, and not exhibiting other forms of motility. Because F-actin gliding along microtubules was observed in the presence of phalloidin, monomer treadmilling seems unlikely. We therefore suspect that this activity is mediated by one or more motor proteins. This could occur by three mechanisms: (a) a bifunctional motor complex of a myosin motor and a microtubule motor translocating on either/both polymers, (b) a microtubule motor bound statically to F-actin and translocating on the microtubule lattice, or (c) a myosin motor bound statically to microtubules and producing force along F-actin. Recent evidence indicating that kinesin can bind to myosin-V (Huang et al., 1999) together with the localization of myosin-V along microtubules that we observed in Xenopus extracts, makes kinesin/myosin-V a strong candidate for a bifunctional microtubule-F-actin motor complex. With its ability to translocate on microtubules and possibly bind to actin, cytoplasmic dynein/dynactin is a possible candidate for the second model. Finally, myosin-VI has been reported to associate with the microtubule-binding protein, CLIP-170 (Lantz and Miller, 1998) , suggesting that a myosin bound to the microtubule via CLIP-170 could power F-actin movement.
Microtubule-dependent F-Actin Motilities and Cytoskeletal Remodeling In Vivo
Our analysis has revealed that not only do both short-and long-term microtubule-F-actin interactions occur, they have a profound impact on the organization of the F-actin cytoskeleton. While F-actin networks spontaneously form and align in the absence of microtubules in the extracts, microtubule-dependent F-actin jerking pushes F-actin bun- Figure 9 . Localization of myosin-IIA and -V in Xenopus egg extracts. (A) Triple label fluorescence analysis of myosin-IIA (blue), microtubules (red), and F-actin (green) in rapidly frozen extracts. Myosin-IIA punctae (arrowheads) are found predominantly on F-actin bundles. In some regions, myosin-2, microtubules, and F-actin are colocalized (triple arrowheads); in other regions, F-actin and microtubules are colocalized in the absence of myosin-2 (arrows). (B) Triple label fluorescence analysis of myosin-V (blue), microtubules (red), and F-actin (green) in rapidly frozen extracts. Most of the myosin-V (arrowheads) is found on microtubules or the substrate. In both A and B colocalization of red, blue and green result in white.
dles into each other, promoting the assembly of F-actin into larger bundles. In addition, the pattern of F-actin movement in the presence of microtubules depends on the arrangement of the microtubules. When microtubules are nucleated from and organized by a sperm MTOC, release and transport of astral microtubules results in F-actin being cleared outward from the MTOC. The combined action of F-actin zippering and microtubule-dependent pushing of F-actin bundles into each other generates the formation of large bundles around the perimeter of the MTOC. However, in the absence of a defined MTOC, while large F-actin bundles are still created by zippering and accelerated by microtubule-based pushing, the distribution of these bundles does not have any particular spatial pattern.
The observation that the final outcome of the interaction between microtubules and F-actin is critically dependent on the organization of the microtubules is striking in light of several decades of studies showing that proper assembly of the actomyosin cytokinetic apparatus is critically dependent on the apposition of two asters some minimum distance apart (reviewed in Rappaport, 1996; Field et al., 1999) . The finding that F-actin is transported outward and accumulates at the aster periphery on microtubules that are released and translocate away from the centrosome provides one relatively simple explanation for these observations. Specifically, we would predict that two adjacent sperm asters transporting F-actin centrifugally would generate an especially heavy accumulation of F-actin in the area between them. Further, the tendency of F-actin to zipper into bundles and of microtubules to increase the rate of F-actin bundling would drive a positive feedback loop for actomyosin accumulation in areas between asters. Although this astral ejection model is based on our results in vitro, it is consistent with several in vivo observations including the directed transport of F-actin toward the incipient cytokinetic furrow (e.g., Cao and Wang, 1990; Bao, Y., and D.J. Fishkind. 1999. Mol. Biol. Cell. 10:263a) , the transport of cortical F-actin away from repositioned microtubule organizing centers (Hird and White, 1993; Benink et al., 2000) and the sensitivity of cytokinesis to manipulations which perturb areas between asters (see Rappaport, 1996) . Thus, it would be interesting to monitor ejection and translocation of microtubules from spindle poles in dividing cells to determine if it occurs during cytokinesis, as it does during interphase in a variety of cells (see below, Keating et al., 1997; WatermanStorer et al., 1997) The findings of this report also provide insight into the means by which microtubules and F-actin interact during cell locomotion. It is well established that F-actin nucleation occurs at the leading edge of migrating cells (reviewed in Mitchison and Cramer, 1996) , making it unlikely that F-actin is translocated to the leading edge as a passenger on microtubules. However, recent studies show that microtubule movement and organization in locomoting cells may be mediated by cytoplasmic dynein (Yvon and Wadsworth, 1999a) . Thus, cytoplasmic dynein-based microtubule movements could drive the bundling and zippering of F-actin into graded polarity actin bundles present in migrating cells (Cramer et al., 1997) . In addition, we have previously shown that microtubules in the lamella of migrating cells exhibit retrograde flow towards the cell center in an actomyosin-dependent fashion. This suggests that microtubules and F-actin are cross-linked to one another in vivo, which could be mediated by the same cross-linker that binds F-actin to motile microtubules in extracts in the present study. This observation further implies that in motile cells, actomyosin contractility may be dominant over microtubule/cytoplasmic dynein motion, and that the links between microtubules and F-actin may result in actomyosin remodeling of microtubule arrays. Finally, microtubules have been observed to target to focal adhesions at the leading edge of locomoting cells and promote the dissolution of the contacts (Kaverina et al., 1998 (Kaverina et al., , 1999 . This phenomenon also could rely on the cross-linking or gliding of microtubules along focal adhesion-associated F-actin.
Novel Behaviors of F-Actin and Microtubules
Underlying the microtubule-dependent F-actin motility in Xenopus egg extracts were two novel forms of microtubule-independent F-actin motility: zippering of F-actin bundles and serpentine gliding of F-actin along the coverslip surface. Although zippering has not been described previously, it is predicted by classic cortical flow models (e.g., Bray and White, 1988) and it is well known that actomyosin gels spontaneously contract in vitro (e.g., Pollard, 1976) . Because the zippering of F-actin bundles was sensitive to ATP depletion, a myosin is likely involved in this process. The movement of two F-actin bundles towards each other during zippering would be powered by a motor that could produce a pulling force between two filaments of opposite polarity, a likely candidate being myosin-II, which forms bipolar assemblies. The involvement of myosin-II in zippering motility is supported by immunofluorescence localization of myosin-II isoforms to F-actin bundles in the extracts. Like zippering, serpentine gliding was also sensitive to ATP depletion, indicating that this movement is myosin-dependent. Remarkably, however, BDM stimulated serpentine gliding. One likely explanation is that BDM inhibited the myosin that was involved in zippering, releasing F-actin bundles from this dominant motility to allow their interaction with a BDM-insensitive, coverslip-bound myosin. Although myosin-V was occasionally localized to the coverslip surface, myosin-V has been reported to be sensitive to BDM (Cramer and Mitchison, 1995) , making it an unlikely candidate for driving serpentine gliding.
We have also observed two interesting cytoplasmicdynein dependent microtubule motilities in extracts that relate to F-actin organization: microtubule gliding and the release and translocation of astral microtubules. Interestingly, antibodies against cytoplasmic dynein inhibited all microtubule gliding activity in the extracts, in spite of the fact that there are many kinesin-related proteins in Xenopus eggs (reviewed in Goldstein and Philip, 1999) . This dominance of cytoplasmic dynein activity in Xenopus egg extracts has also been observed for microtubule-based organelle motility (Allan and Vale, 1991; Niclas et al., 1996) mitotic spindle pole formation (Merdes et al., 1996; Walczak et al., 1998) , and is probably due to the abundance of cytoplasmic dynein in Xenopus eggs (Merdes et al., 1996) .
The release and translocation of microtubules resulted in cytoplasmic dynein-dependent expansion of sperm asters in extracts both in solution and on coverslips. Similarly, release and translocation of centrosomal microtubules has been documented in a variety of cultured cells (Keating et al., 1997; Ahmad et al., 1999) , and the expansion of sperm asters may reflect the tendency of zygotic MTOCs to enlarge into hollow spheres, as has been observed in a variety of organisms (Wilson, 1928; Schatten et al., 1986; Keating and White, 1998) including Xenopus (Zandy, A.J., and W.M. Bement, unpublished results). The involvement of cytoplasmic dynein in sperm aster expansion seems in opposition to the recent findings that cytoplasmic dynein and/or the dynactin complex organize microtubules into focused mitotic spindle poles (Gaglio et al., 1996; Walczak et al., 1998) and radial arrays in interphase fibroblasts (Quintyne et al., 1999) and Dictyostelium amoebae (Koonce et al., 1999; Ma et al., 1999) . However, the expansion of sperm asters in Xenopus extracts is reminiscent of cytoplasmic dynein-dependent disorganization of microtubule asters in mitotic HeLa cell extracts in which microtubule anchoring at the centrosome by NuMA or the plus enddirected motor activity of Eg5 are inhibited (Gaglio et al., 1995 (Gaglio et al., , 1996 . This suggests that weak anchoring of microtubules to sperm centrosomes causes sperm aster expansion. In vivo, cytoplasmic dynein could drive microtubule translocation away from centrosomes if it were anchored at the cortex (Carminati and Stearns, 1997; Shaw et al., 1997; Skop and White, 1998) , on the nuclear envelope, or on intracellular organelles such as the endoplasmic reticulum or Golgi apparatus (Vaisberg et al., 1996; Presley et al., 1997) .
Conclusions
The results of this study define the basic modes of interaction and cytoskeletal remodeling that occur between microtubules an F-actin in cytoplasm. In addition, we find that cytoplasmic dynein is a molecule important in microtubule-dependent F-actin motility, and thus its role in cell motility and cytokinesis should be tested. Finally, our ability to generate and image F-actin bundles with ␣-actinin in the presence of kinesin-powered motile microtubules provides us with a powerful assay for the identification of proteins involved in the interactions between microtubules with F-actin. How the principle of microtubule-F-actin force interactions described here apply to living cell processes will be answered directly by simultaneous imaging of microtubules and F-actin in vivo.
